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ABSTRACT: Electron transfer in cytochrome P450 enzymes
is a fundamental process for activity. It is difficult to measure
electron transfer in these enzymes because under the
conditions typically used they exist in a variety of states.
Using nanotechnology-based techniques, gold conducting
nanopillars were constructed in an indexed array. The P450
enzyme CYP2C9 was attached to each of these nanopillars,
and conductivity measurements made using conducting probe
atomic force microscopy under constant force conditions. The conductivity measurements were made on CYP2C9 alone and
with bound substrates, a bound substrate−effector pair, and a bound inhibitor. Fitting of the data with the Poole−Frenkel model
indicates a correlation between the barrier height for electron transfer and the ease of CYP2C9-mediated metabolism of the
bound substrates, though the spin state of iron is not well correlated. The approach described here should have broad application
to the measurement of electron transfer in P450 enzymes and other metalloenzymes.

■ INTRODUCTION

Electron transfer (ET) in cytochrome P450 (P450) enzymes
has been extensively studied because of its importance in
metabolic processes,1,2 respiratory chains,3−5 and other possible
P450-based applications.6−11 Current dogma suggests that
substrate binding may serve as a switch and facilitate ET in
P450s so that the catalytic cycle can be initiated.1,2,12,13 A
corollary to this theory is that the ease of substrate metabolism
is proportional to the ease of ET.14−17 Several approaches have
been used to measure ET in P450 enzymes, including
electrochemical-based and other methods,18,19 but no definitive
approach has been devised for monitoring ET in P450s;
therefore, limited conclusions have been made regarding a
correlation between ET and metabolism.
Substrate binding has often been observed to alter the spin

state of iron in P450s due to changes in its coordination and
hence local geometry about iron. Spin state can be easily
determined by absorption spectroscopy, and efforts have been
made to correlate spin state and ease of metabolism.12,20,21 For
example, many P450 substrates cause the spin state to shift
from low to high spin upon substrate binding (Type I binders).
In contrast, many nitrogen-containing inhibitors have little
effect on spin state (Type II binders22). This supports the
proposal that spin state and ET may be correlated.1,17 However,
there are many substrates that do not cause spin-state changes;
therefore, changes in ET are not necessarily directly correlated
to spin-state changes.

Other factors, such as conformational changes,23,24 that may
occur upon substrate binding or when the coenzyme
cytochrome P450 reductase binds may also alter the ET
process.25−27 Furthermore, in solution P450s form aggregates
that may affect ET. Unfortunately, efforts to minimize or
eliminate aggregates (e.g., the addition of detergents, salts, and
lipids) can alter ET;14,28 therefore, aggregates are particularly
problematic for solution-based ET studies.
A system that is designed to measure ET on a single enzyme

while simultaneously minimizing the effects of aggregation may
avoid many of the problems that have heretofore been
encountered. In one reported approach, the substrate was
bonded to an electrode, and a P450 was added and allowed to
bind to the substrate. This method may have reduced protein−
protein interactions; however, it required the substrate to be
modified so that it could be bonded to an electrode via a
tether.29 An alternative is to bond the P450 to a planar gold
electrode and allow the substrate to bind to the P450, thereby
avoiding modification of the substrate.30 Neither of these
approaches permits the measurement of ET effects on a single
enzyme; rather, they measure ET for a large ensemble.
Nanoscale methods have been used to measure ET on single

molecules.31 Scanning probe microscopy,32 mechanical break
junctions,33 nanogap electrode techniques,34 and conducting
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probe atomic force microscopy (CAFM) have all been applied
to small molecules and proteins.35 However, in the case of
proteins, the state of the protein under study is largely
unknown, and it may be present as a monomer, oligomer, or
some mixture of both. Furthermore, these approaches are not
designed to monitor a single protein molecule, to permit
variation of the substrate, or to alter other environmental
variables. Thus, our goal is to create a platform that will allow
ET to be studied on a single P450 in an arrangement that
permits examination of the effects of various substrates,
coenzymes, or other changes on the same enzyme molecule
with simultaneous monitoring of ET.
Our approach to isolating a P450 and measuring ET is to

fabricate a regular array of gold nanopillars and then selectively
attach the P450 enzyme to the nanopillar. Nanopillars with
lateral dimensions on the order of the diameter of the enzyme
likely result in each nanopillar bearing one enzyme. ET can
then be measured by completing the circuit with a CAFM tip.
To this end we fabricated an array of nanopillars, in the range of
20−40 nm (lateral size), using electron-beam lithography on a
doped silicon substrate. Similar arrays have been fabricated by
other methods.36,37 The array (21×21 elements, periodicity 250
nm) was indexed so that a specific nanopillar could be located,
probed, and revisited as needed. Selective attachment of the
enzyme to the nanopillar was achieved by attachment of a thiol-
based self-assembled monolayer (SAM) that contained an ω-
thiocarboxylic acid to which the P450 was bonded via the N-
terminus of the P450.38 Since thiol groups bond to gold and
not silicon when applied in solution,39 the SAM forms only on
the gold nanopillars and not on the surrounding silicon surface.
Also, we have previously shown that electrical conductivity
requires the P450 to be bonded to the SAM covering the gold
substrate.30 P450s bound to the SAM behave like an insulator.
Finally, a solid platinum CAFM tip was used as the second
electrode in the system so that current−voltage (I−V) curves
could be measured.

■ EXPERIMENTAL SECTION
General. All chemicals were of analytical reagent grade and were

used without further purification. Acetone, isopropanol, methyl
isobutyl ketone, mercaptoundecanoic acid (MUA), 8-octanethiol
(OT), N-((3-dimethylamino)propyl)-N-ethylcarbodiimide hydro-
chloride (EDC), N-hydroxysulfosuccinimide (NHS), flurbiprofen,
dapsone, and phosphate-buffered saline (PBS, 40 mM, pH 7.4
containing 154 mM NaCl, prepared from potassium mono- and
dibasic phosphate) were purchased from Sigma-Aldrich (Milwaukee,
WI). Ethanol (100%) was purchased from Pharmco-Aaper (Brook-
field, CT). The 300 MIF developers, 495K poly(methyl methacrylate)
(PMMA) and 950K PMMA, were obtained from Micro Chem
(Newton, MA). Boron-doped [100] silicon wafers were obtained from
University Wafer (South Boston, MA). AZ 5214 photoresist was
obtained from AZ Electronic Materials (Capitol Scientific, Austin,
TX). Cytochrome P450 2C9 enzyme (CYP2C9) was prepared by
expression in an Escherichia coli system, isolated, and purified as
described previously.38 A Barnstead Nanopure water purification
system (Thermo Scientific, Waltham, MA) supplied the deionized
water.
Fabrication of Nanopillar Arrays. Silicon wafers were cleaned by

immersion in 1:10 hydrofluoric acid (49%):deionized water solution
for 3 min and rinsed in a cascading bath for 10 min. The wafers were
then blown dry with nitrogen gas and stored in an airtight container in
a clean room until needed.
Large alignment patterns were created by photolithography,

beginning with a precoating dehydration bake (100 °C, 10 min, and
then cooled to room temperature). The wafers were placed in a Laurell

WS-400B-6NPP/LITE spin-coater (North Wales, PA), AZ 5214
photoresist was dropped onto the surface, the wafer was spun (4000
rpm, 60 s), and solvent was evaporated on a hot plate (110 °C, 60 s).
A chrome-on-glass mask (Figure S1) (Advance Reproductions Corp.,
Andover, MA) was placed in an MA-6 mask aligner (Karl Suss,
Garching, Germany), exposed to UV radiation (25 s, 320 nm, 4 W/
m2), and then immersed in 300 MIF Developer (30−60 s) to remove
uncured photoresist. The wafers were then rinsed in deionized water
(5−15 s) and blown dry with nitrogen gas.

A Temescal BJD-2000 system (Edwards Vacuum, Phoenix, AZ)
with an Inficon XTC/2 deposition controller (East Syracuse, NY) was
used for metal evaporation. Chamber pressures were ≤1.0 × 10−5

Torr. Samples were rotated (1−2 rpm) and monitored during
deposition for metal thickness using a crystal monitor with gold-coated
6 MHz quartz piezoelectric crystals (Kurt J. Lesker Co., Clairton, PA).
Deposition rates of 0.3−0.5 Å/s were maintained during the
deposition of a titanium adhesion layer (2 nm) and a gold layer (50
nm). After deposition, samples were cooled to room temperature
before being removed from the chamber. Lift-off of the photoresist was
performed by placing the samples in acetone and swirling them
(Figure S2).

Prior to electron beam lithography, samples were cleaned in an
ultrasonic bath (Bransonic 1210, Danbury, CT) with acetone and then
isopropanol, 5 min each, blown dry with nitrogen gas, and baked (150
°C, 30 min). After cooling to room temperature, samples were spin-
coated with 495K PMMA (4% in anisole) (7000 rpm, 30 s), placed on
a hot plate (180 °C, 2 min) to evaporate solvent, and cooled to room
temperature. Samples were then spin-coated with 950K PMMA (4% in
anisole) (7000 rpm, 30 s), placed on a hot plate (180 °C, 2 min) to
evaporate solvent, and cooled to room temperature.

Electron beam lithography was then performed using a JEOL JSM-
7600F field emission analytical scanning electron microscope (Tokyo,
Japan) equipped with Nanometer Pattern Generating System software
from JC Nabity Lithography Systems (Bozeman, MT). The pressure
inside the chamber was ≤9.6 × 10−5 Torr, the accelerating voltage of
the electron beam was 30.0 kV, the working distance was 8.0 mm, and
the probe current was 37−40 pA. After focusing, the pattern was
written under software control. Upon completion of electron beam
lithography, samples were rinsed with a solution of 1:3 methyl isobutyl
ketone:isopropyl alcohol (70 s) and then in 100% isopropyl alcohol
(20 s). Samples prepared for experimental use were coated with a 2
nm titanium/10 nm gold layer using electron beam evaporation as
described above. SEM images of the nanopillar arrays are shown in
Figure 1 (see also Figure S3).

Self-Assembled Monolayer Preparation and CYP2C9 Attach-
ment. Wafers were sonicated in deionized water, ethanol, and
acetone, each for 5 min, washed with deionized water and ethanol,
immersed in an ethanolic solution of OT (75 mM) and MUA (25
mM) (18 h), and rinsed with ethanol and then PBS, three times each.
Wafers were immersed in PBS containing EDC (2 mM) and NHS (5
mM) for 2 h, and then immersed in a PBS solution containing 50 nM
CYP2C9, 40 μM flurbiprofen, and 40 μM dapsone for 24 h. After the
CYP2C9 was attached, the wafers were rinsed with PBS. All processes
were performed in an argon atmosphere at room temperature.

Scanning Electron Microscopy and Atomic Force Micros-
copy Imaging. SEM imaging was performed using a JEOL JSM-
7600F field emission analytical scanning electron microscope with a
pressure inside the chamber was ≤9.6 × 10−5 Torr. AFM imaging was
performed using an Asylum MFP 3D-BIO AFM (Santa Barbara, CA)
or a Veeco Multimode scanning probe microscope (Santa Barbara,
CA) in tapping mode using Asyelec-01 silicon tips (Asylum Research,
Santa Barbara, CA).

Conducting Probe Atomic Force Microscopy Measure-
ments. Prior to CAFM measurements, the tip cantilever spring
constants were measured in accordance with the manufacturer’s
instructions on freshly stripped mica for any RMN 25Pt300B tips
(Rocky Mountain Nanotechnology, Salt Lake City, UT) used. Spring
constant calculations were used to apply equal force each time CAFM
measurements were conducted. Alignment marks on each sample were
used to take measurements on the same nanopillars for each CAFM
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measurement. CAFM scans were taken by starting the bias at 0 V,
moving linearly to maximum bias (4.5 to 5 V), moving linearly to
minimum bias (−4.5 to −5 V), and finally returning to 0 V. Curves
shown for each sample are the average of at least five scans taken from
the maximum to the minimum voltage cycle. Between experiments,
samples were rinsed in deionized water for at least 1 h to wash small
molecules (flurbiprofen, dapsone, or aniline) from the enzyme.

■ RESULTS AND DISCUSSION
Figure 1 shows SEM images of a portion of the array prior to
addition of the SAM and P450. Each nanopillar is ∼20 nm in

diameter. The SAM was attached to the nanopillars by
treatment with a solution of OT and MUA (3:1) in absolute
ethanol. CYP2C9 was bonded to the carboxyl groups of SAM.
We have proposed that this is likely via the N-terminus of the
enzyme38 though this is not unequivocal nor is the possibility
that it may be bonded in several orientations as there are
several lysine residues on the surface of CYP2C9. Further, there
have been reports that the orientation of heme relative to the
electrode surface can impact ET.40 While this question will have
to be addressed, the consistency of the data obtained here
indicates that orientation does not alter ET, the site of bonding
is the same for each CYP2C9, and/or there is sufficient
mobility so that the required orientation can be adopted.
An important question is whether the CYP2C9 has retained

its in vitro/in vivo activity. P450s have been immobilized in a
variety of matrices and often are no longer reduced by
cytochrome P450 reductase and reduced nicotinamide adenine
dinucleotide phosphate, although they can be reduced by
electrochemical means. However, we have shown that CYP2C9
retains its normal activity with respect to substrate binding and
metabolite formation if the attachment process (bonding to
MUA on gold) is conducted in the presence of flurbiprofen and
dapsone.38 Activity is not retained if only one of these
substrates, or neither, is present during bonding. Here, as both
substrates were present during bonding, CYP2C9 should retain
its endogenous activity.
Another possible issue is related to the fact that our

measurements are made in air and not in solution. Thus, the
enzyme might be considered to be completely dry. However,
this is unlikely because unless extraordinary measures are taken,
proteins usually retain a hydration shell. This is evident in the
crystal structures of P450s (e.g., CYP2C9), which indicate that
these proteins contain water molecules even in single-crystal
forms which are nominally dry.41 Similar studies have been
conducted with proteins present as a monolayer on a gold
surface and the conductance data correlates with the biological
data.19,42,43 We also note that deuterating azurin protein
monolayers also causes changes in the electrical conductivity
that are correlated with ET process measurements made in
solution that are presumably biologically relevant, once proton

conduction, which only occurs in solution, is taken into
account.44

ET was assessed by measuring I−V curves. I−V curves
provide conductance information which occurs through
pathways known to dominate the ET process.19 To obtain
these data, at least five curves were averaged, all of them going
from a maximum positive to a minimum negative voltage. As
shown in Figure 2a, the I−V curves for the bare gold

nanopillars were ohmic and highly conductive. After forming
the OT/MUA SAM on the nanopillars, the behavior of the I−V
curve was consistent with the SAM acting as an insulator
(Figure 2b). However, if driven to sufficiently positive/negative
potentials, the nanopillars reverted to exhibiting ohmic behavior
(data not shown), implying the SAM removal from the
nanopillar. This process appeared to be local to the nanopillar
being probed as interrogation of other nanopillars in the array
resulted in I−V curves consistent with the presence of the
SAM.
Figure 2 also displays a data set obtained on a different

nanopillar. Some qualitative differences are observed at positive
potentials though the trends remain the same. Larger
differences are observed at negative potentials. This was taken
into account when the data were fit (see below). The cause for
the variability is not known but could be due to differences
between nanopillar topographic characteristics which would
lead to slight differences in how the AFM tip interacts with the
enzyme, or different conformations of proteins on different
nanopillars. It should be emphasized that all of the I−V
measurements for nanopillar 1 were obtained on the same
CYP2C9 and likewise for those made with nanopillar 2. Also
important is that the same tip force was used for measurements.
While sufficient force must be applied to engage the protein,
excessively high forces will compress the enzyme and alter
ET.43

Currently, it is not possible to unequivocally demonstrate
that there is no more than one P450 on a nanopillar or that the

Figure 1. SEM image of nanopillar array (left) and zoom (right) to
show size of the individual nanopillars.

Figure 2. I−V curves measured for two nanopillars of (a) pure gold,
(b) SAM, (c) CYP2C9 alone, (d) CYP2C9 with flurbiprofen, (e)
CYP2C9 with dapsone, (f) CYP2C9 with both flurbiprofen and
dapsone, and (g) CYP2C9 and the inhibitor aniline. The gold and
SAM data are not shown for nanopillar 2 for clarity.
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CAFM probe tip is only interacting with one enzyme. The
nanopillar lateral dimensions are, on average, 30 nm (range
20−40 nm) and the CYP2C9 is ∼6 nm in diameter.41 On the
basis of our previous studies we expect there to be 50% or less38

on the nanopillar’s top, so there could be up to ∼13 CYP2C9
present on each nanopillar though fewer are expected on the
basis of the CYP2C9 concentration used. However, the
similarities seen when making separate measurements on the
same enzyme/nanopillar and from different nanopillars suggest
that the measurements are on a single protein. Future work will
aim to use indexed nanopillar arrays with nanopillars <15 nm
lateral dimensions to minimize surface area for attachment of
the P450.
It is important to recognize the conditions under which the

I−V measurements were made. All measurements were
conducted in air though the bonded CYP2C9 is likely to
have waters associated with it. Consequently, bound substrates,
effectors, or inhibitors are not dissociating from the enzyme
which would lead to an ensemble of states. At the same time, it
is possible that different orientations of bound substrates may
be present that would have variable effects on the I−V curve
(e.g., aniline binding via the nitrogen or rotated 180°).45

Second, iron is not undergoing a formal reduction though it is
participating in electron transduction. Related is the concern
that electron flow is simply over the surface of the enzyme.
However, we have shown differential I−V behavior between
Apo myoglobin and myoglobin indicating the participation of
iron in the latter case.46 Finally, because the measurements
were made in air, iron is never formally reduced. Consequently,
oxygen will not bind, and oxidation of substrates will not occur.
Qualitatively, the I−V curve obtained following bonding of

CYP2C9 to the SAM (Figure 2c) demonstrates that it is no
longer completely insulating as suggested by the decrease in
length of the flat portion of the curve over which no current
flows. Subsequently, the nanopillars were treated with a
solution of flurbiprofen (Chart 1), and I−V measurements

were repeated, which gave Figure 2d. An additional decrease in
the length of the flat portion of the I−V curve, relative to
CYP2C9 alone, is observed indicating that ET was easier to
achieve in the presence of flurbiprofen. Flurbiprofen is a
CYP2C9 substrate that is known to cause a shift in spin state
from 3% to 45% high spin upon binding (Type I binder)
depending upon the concentration.20 Hence the increase in
ease of ET is expected.

When both flurbiprofen and dapsone are present in the
active site of CYP2C9, dapsone acts as an effector molecule to
position the substrate flurbiprofen closer to the heme iron.21

The simultaneous presence of flurbiprofen and dapsone in the
active site is known to increase the rate of metabolism of
flurbiprofen. In addition, a further shift in the spin-state ratio of
up to 90% high spin can be observed.20 Thus, it is expected that
ET will be even easier with both molecules present than when
only flurbiprofen is present. The measured I−V curve in Figure
2f is consistent with this hypothesis. In addition, the results
described thus far are in agreement with the proposed
correlation between spin state and the ease of reduction of
the heme iron due to a change in the conformation of the
porphyrin ring as a result of substrate binding. They also are
aligned with the theory that the rate of P450-mediated
metabolism is accelerated as ET becomes easier.
The effect of dapsone (Chart 1) alone on ET was measured

for two reasons. First, dapsone is a substrate for CYP2C9, albeit
metabolized more slowly than flurbiprofen. Second, dapsone
alone does not produce any measurable changes in iron spin
state. The I−V curve measured for CYP2C9-dapsone, Figure
2e, indicates that reduction is slightly more difficult than for
flurbiprofen alone, consistent with the metabolism data.
However, in this case the result indicates that ET and spin
state are not necessarily correlated; therefore, some other effect
must be altering ET when dapsone binds. It may be that when
dapsone binds to the heme iron, (e.g., via the NH2 group of
dapsone), the heme group retains its hexa-coordinate geometry,
spin state is unchanged, and, due to the electron-withdrawing
nature of the sulfone group of dapsone, iron becomes easier to
reduce than the substrate-free CYP2C9.
The effect of a CYP2C9 inhibitor on ET was also examined.

Inhibitors are thought to act by binding in the active site
thereby blocking access to it. Inhibitors of CYP2C9 do not
usually behave as Type I binders,22 rather they behave as Type
II binders. Typically, these inhibitors can coordinate to iron
through a heteroatom and keep it hexa-coordinate. Con-
sequently, neither the spin state nor the redox potential of iron
is predicted to change. Here aniline (Chart 1), a known
CYP2C9 inhibitor, was selected.22 In contrast to the CYP2C9
bound to substrates or CYP2C9 alone, the I−V curve measured
for the CYP2C9−aniline complex, shown in Figure 2g,
indicates that ET was significantly more difficult than
CYP2C9 alone. This is consistent with a stabilization of iron
in the low spin state.
A quantitative analysis of the data was undertaken to analyze

the I−V curves. We first note that in all measurements we
found that the conductivity near bias voltage VB = 0 was zero,
and remained zero (to within the noise floor of the data, ±3
pA) until the conductance turned on. In fact, it was not possible
to fit the data at small bias using the Simmons model47−49

because the conductance was not ohmic at a small bias. This is
evident in Figure 3, which shows the derivative of the I−V
curves, dI/dVB, as a function of bias voltage. Clearly, dI/dVB =
0 for all the samples and bias voltages smaller than 0.6 V. This
means that the tunneling barrier through which electrons
traveled from the tip to the gold nanopillar was large in energy.
Thus, performing the typical analyses of CAFM data from
proteins obtained at low bias using the Simmons model43,50,51

was not possible in this case. We attempted to use the Fowler−
Nordheim model,52 where electrons tunnel due to field
emission, but the fits to the data generated effective electron
masses and energy barriers34,35 that were many orders of

Chart 1. Structures of Substrate and Inhibitors Studieda

aThe site of metabolism is underlined.
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magnitude off from reasonable values of the electron mass and
∼1 eV, respectively. Therefore, we investigated whether it was
possible to understand the I−V characteristics using the Poole−
Frenkel (PF) emission model, which consists of electrons
conducting from one localized state to another through an
insulating layer53 and is observed in insulators and metal/
insulator interfaces with high densities of traps.37−42 One could
surmise that in this case localized states occur in various
functional groups of the protein.
In the PF model the current I is expected to follow the

relation

ϕ π ε ε
= −

−⎡

⎣
⎢⎢

⎛
⎝
⎜⎜

⎞
⎠
⎟⎟
⎤
⎦
⎥⎥I CV q

qV d

kT
exp

/B o s

(1)

where V is the applied (bias) voltage, q is the charge of an
electron, ϕB is the effective voltage barrier that the electron
must overcome to move from one localized state to another, d
is the distance across which the voltage is applied, εο is the
permittivity of free space, and εs is the relative permeability of
the material (in this case CYP2C9) at high frequencies,
assuming that there is no local polarization induced. Also, k is
Boltzmann’s constant, T is the absolute temperature, and C is a
constant that depends on the intrinsic mobility of the charge
carriers, the effective area of the electrical contact, and the
effective distance d across which V is applied. Taking the
natural logarithm of both sides of eq 1 yields

ϕ
π ε ε

= − +
⎛
⎝⎜

⎞
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q
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q
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q
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Vln( / ) ln B

o s

1/2
1/2

(2)

so that a plot of ln(I/V) as a function of V1/2 should yield a
straight line with an intercept component proportional to ϕB.
The slope should be sensitive to changes in the protein’s
effective size d and its effective dielectric constant. Because the
value of C is unknown, however, it is difficult to obtain an
absolute value for ϕB, but by assuming that C remains
unchanged upon binding of different substrates, it is possible to
obtain a relative change in ϕB.

Figure 4 shows such a plot for the positive bias data for both
nanopillars. The data were fit to eq 2 for voltages greater than 1

V. Data from smaller voltages did not fit the model very well
and it is entirely possible that another mechanism is at play in
that region. From inspecting the plot, it is clear that the slope is
very similar in all samples, except for the CYP2C9 alone data of
nanopillar 1. This means that d and εs are similar for all runs, as
expected. The large differences in intercept should be due to
the changes in ϕB. The quantitative results are shown in Table
1, where the ΔϕB is the shift of barrier height from the

CYP2C9 alone runs. The fractional change δd/do, where do is
the size of the CYP2C9 enzyme on its own was also calculated.
Because the slope of the PF graph (eq 2) should go as m ∼
d−1/2, δd/do ∼ −2δm/mo, where δm/mo is the relative change in
slope. This assumes that the relative permittivity of the protein
remains unchanged.
Although the magnitude of the effects is different in the two

nanopillars, the trend is the same. Addition of flurbiprofen and

Figure 3. Differential conductance, dI/dV, as a function of bias
voltage. The data are labeled using the same scheme as in Figure 2.

Figure 4. Poole−Frenkel plot for the data obtained for positive bias
voltages for nanopillars 1 and 2 using the same color code as in Figure
2. The symbols are the data, and the lines are fits to a straight line.

Table 1. Results from the Fit to the I−V Data with the
Poole−Frenkel Modela

2C9 Flur Dap aniline Flur/Dap

Pillar 1
slope 5.96 3.59 4.28 4.05 3.73
intercept −15.01 −6.87 −8.24 −11.54 −6.03
ΔϕB

b 0 −0.21 −0.17 −0.09 −0.23
Δd/do 0 0.79 0.56 0.64 0.74

Pillar 2
slope 4.55 4.39 3.79 4.43 3.93
intercept −10.71 −9.59 −8.39 −11.05 −6.93
ΔϕB

b 0 −0.03 −0.06 0.01 −0.10
Δd/do 0 0.07 0.33 0.05 0.27

aThe units are ln(nS)/V1/2 for the slope, ln(nS) for the y-intercept, eV
for ΔϕB, and dimensionless for Δd/do. Abbreviations: 2C9, CYP2C9;
Flur, flurbiprofen; Dap, dapsone. bA value of T = 300 K was used to
calculate ΔϕB.
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dapsone tend to lower the barrier height by similar amounts.
Addition of aniline, on the other hand, tends to not lower the
barrier nearly as much, and in the case of nanopillar 2, it
appears that the barrier remains essentially unchanged.
Addition of flurbiprofen and dapsone tends to lower the
barrier height by an amount equal to or greater than either
flurbiprofen or dapsone alone by. Regarding the width of the
barrier, the trend is that addition of any substrate tends to
increase the barrier width.
It is important to note that use of the PF model in this

situation is somewhat arbitrary and a model based on
thermionic emission from a Schottky barrier may work equally
well, especially at lower bias voltages.54 In order to determine
the correct ET mechanism, it would be necessary to measure
the conductance as a function of temperature, which is not
possible at the present time. Nevertheless, the trends described
above are consistent with what is already known about the
general properties of CYP2C9 and how it interacts with the
selected substrates. At the same time, the ease of P450
reduction and spin state are not well correlated. In particular,
both dapsone and aniline coordinate to iron and do not alter
spin state, yet ET is much easier for dapsone and more difficult
for aniline, an inhibitor, so ET, alone, is a better predictor for
whether a substrate will be metabolized by a P450.
The apparent lack of correlation to spin state may be due to

several factors. First, the spin-state data to which we refer are
for CYP2C9 in solution. Our measurements are being
conducted on an immobilized CYP2C9 and we do not have
direct information regarding the spin state, though indirect data
suggests the spin state observed in solution is preserved on the
nanopillars.38 It has also been found that some P450s may
contain more than one binding site and these different binding
locations affect spin state to different degrees.55 Whether this is
the case for, for example, dapsone is not known. Further, the
degree of spin-state conversion is also dependent upon external
conditions such as the presence of detergents56,57 or the
concentration of the substrate under study.17 Finally, effects
due to changes in protein conformation, to the extent they are
related to ET pathway(s) from the surface to the heme center,
may alter the ease of ET and metabolism and are not
necessarily related to spin state.58,59

One final consideration concerning ET and spin state arises
from differences between dapsone, a substrate, and aniline, an
inhibitor. Neither have an effect on spin state but dapsone has a
lower barrier to ET. This may be due to differences in the
electron density at the coordinating nitrogen, which is greater
for aniline than dapsone (e.g., pKa for dapsone is 1.3, for aniline
4.6) and therefore suggests that the substrate may play a
significant role in modulating ET.
In summary, the platform is quite robust as wafers bearing

nanopillar arrays could be removed from the AFM, washed free
of one substrate, immersed in a solution containing the same or
different substrate(s), I−V measurements made, and the
process repeated. As mentioned above, some care had to be
exercised so as to not apply too large of a bias voltage. When
this occurred the SAM and enzyme were removed, resulting in
a large ohmic conductance, although the effects were only local
and adjacent nanopillars could still be used.
The I−V data are well correlated with the known metabolic

and kinetic behavior of the substrates, inhibitors, and
substrate−effector pairs. Significant differences in the ET
properties were observed between the free enzyme and
substrate-bound complex (or free enzyme and inhibitor-

bound complex). The electrical conductivity data indicate
that the effective energy barrier height and width are altered by
the substrates in a way that correlates with the known
metabolic activity of the enzyme, suggesting that ET in the
metabolic redox process is related to the electrical conductivity
of the enzyme. To show an unequivocal relationship between
ET and the metabolic redox process, careful measurements
with other proteins with different ET rates would have to be
performed, but this is beyond the scope of this paper. Our data
also seem to indicate that spin state and ET are not necessarily
correlated, although other factors such as the binding pose,
conformation of the surrounding protein, or the rate of spin
interconversion,21 subsequent to iron reduction, may mitigate
the observed rate. The results obtained here with the
substrate−effector pair are especially interesting as they indicate
this method may be useful for identifying substrate interactions
which can be difficult to detect otherwise. Also of interest is the
effect on the ease of reduction by the inhibitor aniline. It is
generally thought that inhibitors simply bind and block access
to the active site. However, our data suggest that the inhibitors
may also make it more difficult to reduce the P450 enzyme.
While more than one P450 molecule may be present on a

nanopillar, the total number must be small (∼13 or fewer) due
to the available area on the nanopillar surface. Therefore, the
technique described here is likely capable of single-molecule
detection. By varying the lateral size of the nanopillars, it should
be possible to study the effects of protein−protein interactions
on metabolic activity and ET processes in the future. Efforts are
currently underway to create nanopillars with lateral
dimensions that are below 15 nm. Finally, the nanopillar
platform can serve as the basis for experiments that can directly
measure redox potentials of P450 without many of the
interferences that plague such measurements now. By its very
nature, individual enzymes rather than ensembles can be
probed. By using solution methods such as electrochemical
scanning tunneling microscopy, redox potentials can be
measured.60,61 The provision for simultaneous imaging will
allow direct determination of the number of protein molecules
present. Conformational effects can also be examined. For
example, the effect of tip force on ET will provide an entry
point for such studies.43 Overall, the platform will allow the
P450 mechanism to be probed in ways that were heretofore not
possible.
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